Chitosan does not inhibit enzymatic action of human pancreatic lipase in Langmuir monolayers of 1,2-didecanoyl-glycerol (DDG) by Souza, Adriano L. et al.
  Universidade de São Paulo
 
2014-11
 
Chitosan does not inhibit enzymatic action of
human pancreatic lipase in Langmuir
monolayers of 1,2-didecanoyl-glycerol (DDG)
 
 
Colloids and Surfaces B,Amsterdam : Elsevier BV,v. 123, p. 870-877, Nov. 2014
http://www.producao.usp.br/handle/BDPI/50593
 
Downloaded from: Biblioteca Digital da Produção Intelectual - BDPI, Universidade de São Paulo
Biblioteca Digital da Produção Intelectual - BDPI
Departamento de Física e Ciências Materiais - IFSC/FCM Artigos e Materiais de Revistas Científicas - IFSC/FCM
Colloids and Surfaces B: Biointerfaces 123 (2014) 870–877
Contents lists available at ScienceDirect
Colloids  and  Surfaces  B:  Biointerfaces
jo ur nal ho me p ag e: www.elsev ier .com/ locate /co lsur fb
Chitosan  does  not  inhibit  enzymatic  action  of  human  pancreatic  lipase
in  Langmuir  monolayers  of  1,2-didecanoyl-glycerol  (DDG)
Adriano  L.  Souzaa,∗,  Felippe  J.  Pavinattoa, Luciano  Caselib, Diogo  Volpati a,
Paulo  B.  Mirandaa, Osvaldo  N.  Oliveira  Jr. a
a São Carlos Institute of Physics, University of São Paulo (USP), PO Box 369, São Carlos, SP 13566-590, Brazil
b Institute for Environmental, Chemical and Pharmaceutical Sciences, Federal University of São Paulo (UNIFESP), Diadema, SP 09972-270, Brazil
a  r  t  i  c  l e  i  n  f  o
Article history:
Received 7 July 2014
Received in revised form 13 October 2014
Accepted 16 October 2014
Available online 28 October 2014
Keywords:
Chitosan
Fat reduction
Human pancreatic lipase
Langmuir monolayers
Sum-frequency generation spectroscopy
a  b  s  t  r  a  c  t
In this  study,  we tested  the  hypothesis  according  to  which  chitosan  reduces  lipid  digestion  by  blocking
the  access  of lipases  to ingested  fat.  Because  lipase  action  takes  place  mostly  at interfaces,  we produced
Langmuir  ﬁlms  of  1,2-didecanoyl-glycerol  (DDG),  which  is the  substrate  for  human  pancreatic  lipase
(HPL).  The  experimental  assays  were  carried  out  in acidic  medium,  at pH  3.0, to ensure  that  chitosan
is  completely  soluble.  Chitosan  was  found  to  affect  strongly  the  surface  activity  of HPL  that  forms  a
Gibbs  monolayer  at the  air/water  interface,  but did  not  inhibit  the  enzymatic  action  of  HPL  toward  the
DDG  monolayer.  The  latter  was  observed  using  two  surface-speciﬁc  spectroscopic  techniques,  namely
polarization-modulated  infrared  reﬂection–absorption  and  sum-frequency  generation  (SFG).  The  exten-
sion  of  DDG hydrolysis  calculated  using  SFG  spectroscopy  was  33% in  the absence  of chitosan,  and  ranged
from  29  to 50%  in  the  presence  of chitosan  at concentrations  of 0.20  g  L−1 and  0.30 g  L−1, respectively.
Therefore,  fat  “protection”  by chitosan  is  unlikely  to  be an  important  factor  in fat  reduction.
©  2014  Elsevier  B.V.  All  rights  reserved.
1. Introduction
Chitosans have been extensively used for a number of applica-
tions, including as a matrix for the immobilization of functional
materials in nanostructured ﬁlms [1] and in nutrition [2] and
medicine [3] owing to their suitable properties. For they are bio-
compatible, biodegradable and non-toxic, thus being amenable to
use in tissue engineering, artiﬁcial skin, microspheres for drug
delivery systems, nanoparticles as protein carriers, antibacterial
agent and as weight loss or fat absorption reducer [4–6]. Commer-
cially available chitosans are found in tablets as food supplement
[7], especially with the promise of weight loss via reduced fat
absorption. However, their efﬁcacy for weight loss is highly contro-
versial, and in a survey of the literature reports are found for both
conﬁrmation and denial of this property. Conﬂicting results were
obtained in in vivo experiments with humans and mice where chi-
tosan was used as supplement in diets, with no or very little weight
loss in some studies [8–12], whereas in other studies chitosan was
able to inhibit increases in body weight [13,14].
In spite of the controversy over the efﬁcacy in weight loss,
attempts have been made to understand how chitosan would act in
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reducing fat. As in practically all other applications of chitosans, the
molecular-level mechanisms to explain the action are lacking, even
in the cases where the chitosan activity has been proven beyond
doubt, as in the bactericide property. Three mechanisms have been
proposed to explain chitosan action as possible fat reducer. They
were based on in vivo experiments made with humans [15] and
in vitro experiments using solutions [16], microemulsions [17]
and emulsions [18]: (i) chitosan binds to bile acids making them
unavailable to emulsify the fat ingested [15], thus leading to inad-
equate processing of fat for lipase digestion; (ii) chitosan acts as
an alternative substrate for lipases, which causes less fat absorp-
tion by simple competition between these possible targets for the
lipases [16]; (iii) chitosan encapsulates fat ﬂoccules [17,18], and in
contrast to the latter hypothesis (ii), it should be a barrier for the
lipases, thus limiting their access to the fat.
Fat digestion is performed by lipases, which are enzymes that
catalyze the hydrolysis reaction of acylglycerides producing fatty
acids. This reaction is enhanced at interfaces due to interfacial
activity by most lipases [19]. Therefore, bile salts, proteins and
surfactants were able to inhibit lipases enzymatic activity by hin-
dering their adsorption to the interface [20–23]. Human pancreatic
lipase (HPL) has been inhibited by tetrahydrolipstatin (orlistat)
with a larger effect in the presence of bile salts [24,25]. An even
more potent inhibitor than orlistat was -polylysine, which mod-
iﬁed the activity of pancreatic lipase of mice [26]. Grove et al.
http://dx.doi.org/10.1016/j.colsurfb.2014.10.040
0927-7765/© 2014 Elsevier B.V. All rights reserved.
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[27] found that epigallocathechin-3-gallate inhibited this lipase.
Porcine pancreatic lipase had its enzymatic activity inhibited in
olive oil emulsions containing galactolipid digalactosyldiacylglyc-
erol (DGDG) [28], while a mixed monolayer of DGDG/bile salts
hampered porcine pancreatic lipase/colipase adsorption to the
interface by steric hindrance of galactosyl groups [29]. Triacylgly-
cerols have been also found to inhibit lipases [30].
Monolayers at the air–water interface provide an important
methodology to investigate hydrolysis of lipids by lipases [31].
With the technique referred to as “zero order” trough [32], the
enzymatic reaction is independent of the lipid concentration,
from which a kinetic parameter may  be inferred. Hydrolysis at
air–liquid interfaces has been also monitored in phospholipases
by polarization-modulated infrared absorption reﬂection spec-
troscopy (PM-IRRAS), where stretching bands of functional groups
can be monitored as a function of reaction time [33–37]. As far
as chitosans are concerned, Langmuir monolayers have been used
to mimic  the interaction with biological membrane models and
for immobilizing enzymes [38] to prepare biosensors [39]. Inci-
dentally, the Langmuir–Blodgett technique is useful in the study
of molecular-level interactions, in addition to allowing for assem-
bling nanomaterials for sensors and optical and electronic devices
[40,41]. Chitosan was able to expand and penetrate phospholipid
Langmuir monolayers [42–45]. Two main representative phospho-
lipids used were phosphatidylglycerol and phosphatidylcholine to
mimic  bacterial and mammalian membranes [46–48], respectively.
Other components employed in monolayers included stearic acid
and cholesterol [49–51]. From these studies, one can infer that the
positively charged chitosans interact more strongly with negatively
charged phospholipids, though hydrophobic interactions also play
an important role [52,53].
In this paper, we test the hypothesis of chitosan affecting the
activity of human pancreatic lipase (HPL) in Langmuir monolayers
of 1,2–didecanoyl-sn-glycerol (DDG). DDG was chosen because it
is the substrate for HPL action, while the choice of HPL was  based
on the fact that it catalyzes ca. 70% of lipid hydrolysis [20]. In
addition to surface pressure isotherms to probe adsorption of chi-
tosan on DDG monolayers, we used two surface-speciﬁc vibrational
spectroscopic techniques, namely PM-IRRAS and Sum-Frequency
Generation (SFG), to study the hydrolysis of DDG by HPL. An acidic
medium was employed in this study to guarantee chitosan solu-
bility. Though the optimum pH for HPL action is higher, there is
evidence from the literature that its catalytic activity at pH 3.0 is
still signiﬁcant [54].
2. Materials and methods
2.1. Materials
1,2-Didecanoyl-sn-glycerol (DDG) and human pancreatic lipase
(HPL) (BCR-693 1EA) were purchased from Avanti Polar Lipids
and Sigma–Aldrich respectively, and used as received. Chitosan
was purchased from Galena Farmacêutica (Brazil) with a degree of
acetylation of 19% and molecular weight of 113,000 Da. Before use,
chitosan was puriﬁed by dissolution in HCl 0.10%, precipitated in a
solution of NaOH, ﬁltered and washed with water and ethanol until
complete neutrality. NaOH, boric acid, citric acid, phosphoric acid
and HCl were purchased from Synth and used as received. Water
used in all experiments was puriﬁed by a Millipore System and had
resistivity of 18.2 M cm.  A Theorell–Stenhagen buffer at pH 3.0
was used to prepare chitosan solutions, which were employed as
aqueous subphases for Langmuir monolayers. The buffer was  pre-
pared by dissolving NaOH, boric acid, citric acid and phosphoric
acid in water, while pH was adjusted to 3.0 by adding HCl aqueous
solution in a concentration of 2.0 mol  L−1.
2.2. Methodology
DDG Langmuir monolayers were prepared in a KSV mini trough
(KSV, Finland) housed in a class 10,000 clean room. The surface
pressure sensor was  based on the Wilhelmy method using a ﬁl-
ter paper. DDG was  spread at concentration of 1.2 × 10−3 mol  L−1
in chloroform on the surface of the aqueous subphases containing
chitosan solutions in concentrations varying from 0.05 to 0.30 g L−1.
Surface pressure-area isotherms were obtained by compressing the
monolayers with movable barriers at a rate of 10 mm min−1 (trough
dimensions 75 mm × 323 mm).  The temperature was  maintained
at 20 ± 1 ◦C. Compressional modulus (CS−1), also known as equilib-
rium in-plane elasticity, was calculated for the monolayers and it
is deﬁned as −A(∂/∂A)T, where A is the mean molecular area and
 is the surface pressure. Adsorption kinetics curves of HPL were
obtained using a Kibron tensiometer (Micro Trough X). The exper-
iments were carried out with a Theorell–Stenhagen buffer at pH
3.0 and chitosan solutions in concentrations of 0.20 and 0.30 g L−1.
The well of the trough was  ﬁlled with Theorell–Stenhagen buffer
or chitosan solution and 10 L of HPL solution prepared with the
Theorell–Stenhagen buffer. The ﬁnal concentration of HPL in each
case was 1.4 g mL−1 and the change in surface pressure was mon-
itored as a function of time.
Polarization-modulated infrared reﬂection absorption spec-
troscopy (PM-IRRAS) experiments were performed using a KSV
PMI550 instrument (KSV, Finland). The light beam reached the
monolayer with an incidence angle of 81◦. Since the incident
radiation was  modulated between s and p polarizations at high
frequency and the spectra were obtained in both polarizations
simultaneously, the effect of the water vapor was reduced. The
difference between the s and p spectra provides information on
species present at the interface while the sum is the reference
spectrum. Experiments were performed in DDG monolayers in the
presence and absence of chitosan with the surface pressure at
30 mN m−1, which is the value corresponding to cell membranes
in in vivo experiments [55]. When the surface pressure reached
30 mN m−1, 5.0 mL  of a 0.070 g L−1 HPL stock solution was  injected
behind the barrier. The ﬁnal HPL concentration of 1.4 g mL−1 was
the same used in experiments of adsorption kinetics in the Kibron
tensiometer. The resolution of the spectra was 8 cm−1.
Sum-frequency generation (SFG) measurements were used to
probe the interfacial interaction between DDG and subphase con-
stituents, and to estimate DDG hydrolysis by HPL, including the
inﬂuence from chitosan in this process. SFG is a second-order non-
linear optical process intrinsically speciﬁc to interfaces, since the
generation of a sum-frequency signal is forbidden in media that
present inversion symmetry. Consequently, the SFG signal arises
only from molecules adsorbed at interfaces, where the inversion
symmetry is broken. However, if the adsorbed molecules have a
random orientation, the SFG signal also vanishes. Therefore, even
at interface the molecules must have a net average orientation to
yield a measurable SFG signal [56]. The experimental setup is based
on a commercial spectrometer (Ekspla, Lithuania) equipped with a
pulsed Nd3+:YAG laser (28 ps pulse duration, 20 Hz repetition rate),
a harmonic-generation unit and an optical parametric ampliﬁer
with a difference frequency stage that generates an infrared (IR)
beam tunable from 1000 to 4000 cm−1 with pulse energy varying
from ∼30 to 200 J within this tuning range. The visible beam (ωvis)
was split from the harmonic unit (532 nm,  ∼700 J/pulse) and
overlapped spatially and temporally with the tunable mid-infrared
beam (ωIR) at the interface, giving rise to an emitted sum-frequency
signal (ωSFG = ωvis + ωIR) that is measured by a photomultiplier after
spatial and spectral ﬁltering. The spot sizes and incidence angles
for the IR and visible beams are (0.50 mm,  55◦) and (1.00 mm,  60◦),
respectively. Scanning the frequency of the infrared beam, when
it coincides with the frequency of a normal vibration of adsorbed
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molecules, the intensity of the SFG signal resonantly increases,
yielding their vibrational spectrum. The SFG signal was  collected
for each scan with 100 shots per data point and a 3 cm−1 resolution.
The intensity of the SFG signal is proportional to the square of the
effective second-order susceptibility of the interface, (2)
eff
, which
may  be expressed as
ISFG ∝
∣∣∣(2)eff
∣∣∣
2
=
∣∣∣(2)NR + 
(2)
R
∣∣∣
2
=
∣∣∣∣
(2)
NR +
∑
q
Aq
ωIR − ωq + iq
∣∣∣∣
2
(1)
where (2)NR , 
(2)
R , Aq, ωq,  q are the nonresonant and resonant con-
tributions to (2)
eff
, and the oscillator strength, resonant frequency
and linewidth of the qth vibrational mode, respectively. The mode
amplitude Aq is proportional to the surface density of molecules
and a geometrical factor representing their average orientation.
Eq. (1) demonstrates a feature of nonlinear spectroscopic meth-
ods that differs from their linear counterparts: there is interference
of the resonant contribution, (2)R , with the non-resonant back-
ground from all other vibrational and electronic transitions, (2)NR ,
leading to changes in the spectral lineshape which depend on
both the magnitude and phase of (2)NR , and also on the presence of
nearby resonances. Therefore, a quantitative analysis of SFG spectra
requires curve ﬁtting to Eq. (1) to obtain the amplitudes, frequen-
cies and linewidths of the resonances. Further details on the SFG
technique are available in [57,58].
The SFG spectra of the carbonyl and amide groups from
DDG, enzyme and chitosan were acquired with ssp polariza-
tion combination (s-polarized sum-frequency generated beam,
s-visible beam and p-infrared beam). To perform SFG spectroscopy
experiments in situ, DDG Langmuir monolayers were prepared
in a KSV minimicro trough (KSV Finland) with dimensions of
195 mm × 51 mm × 4 mm.  DDG was spread on subphases contain-
ing chitosan solutions at concentrations of 0.20 g L−1 and 0.30 g L−1.
1 mL  of 0.070 g L−1 HPL stock solution was injected behind the bar-
rier for a monolayer at 30 mN  m−1, leading to a ﬁnal concentration
of 1.4 g mL−1, which is the same used in experiments of dynamic
surface tension and PM-IRRAS.
For the transfer of Gibbs monolayers onto solid supports, two
types of substrate were used: AT-cut quartz crystal, coated with Au
on a 0.4 cm2 active area (Stanford Research Systems, Inc.) with a
fundamental frequency of ca. 5 MHz  for quartz crystal microbalance
(QCM) experiments, and silicon wafers for atomic force microscopy
(AFM) analyses. The surface pressure used in the depositions was
22 mN  m−1 and the monolayer was kept at this pressure for 20 min
to ensure stabilization. One-layer ﬁlm was produced by removing
the solid substrate from the aqueous solution, using the dipping
speed of 8.0 mm min−1, with the transfer ratio being close to 1.0.
AFM analyses were obtained using a Bruker instrument, employ-
ing the tapping mode and a resonance frequency of approximately
300 kHz. The scan rate was  1 Hz and the tip was made of silicon
nitride. The scales of the images were 4 m2.
3. Results and discussion
Fig. 1A shows the surface pressure-area isotherms for a DDG
monolayer, featuring a minimum area (Amin) and collapse pressure
of 72 A˚2 molecule−1 and 41 mN  m−1, respectively, for water as sub-
phase, consistent with the literature [59]. There is a slight increase
in Amin when water was replaced by the Theorell–Stenhagen buffer
at pH = 3.0. For the range of concentrations of chitosan solutions
employed, there was no signiﬁcant change in surface tension,
which indicates the low surface activity for chitosan. For concen-
trations varying from 0.05 to 0.30 g L−1 chitosan caused a shift of
the DDG surface pressure isotherms to larger areas per molecule,
which means that the lipid monolayers were expanded, even
Fig. 1. (A) Surface pressure isotherms for DDG monolayers on different chitosan
concentrations in the aqueous subphase, as indicated in the inset. In each case,
isotherms were repeated three times and the standard deviations were ±1 mN m−1.
For the chitosan concentration of 0.30 g L−1, standard deviation in surface pres-
sure was ±1.8 mN m−1. (B) PM-IRRA spectra in the 1500–1800 cm−1 region for DDG
monolayers at 30 mN m−1 on: Theorell buffer pH 3.0 --; chitosan 0.20 g L−1 -- and
chitosan 0.30 g L−1 --.
at high surface pressures (30–35 mN m−1), suggesting that chi-
tosan remains adsorbed on the packed DDG ﬁlm. The surface
pressure-area isotherms in Fig. 1A were obtained by spreading
the DDG solution on chitosan-containing subphases and waiting
for 4 h before compression started. For the chitosan concentra-
tions up to 0.20 g L−1 the surface pressure remained at zero, thus
indicating no surface activity. In contrast, for a chitosan concen-
tration of 0.30 g L−1, the surface pressure increased after lipid
spreading, with equilibrium reached within 10–12 h at a surface
pressure of 12 mN m−1 approximately. Therefore, surface activ-
ity was observed for this high concentration, as shown in the
adsorption kinetics curve in Fig. S1 in the Supplementary Mate-
rial. Accordingly, the resulting surface pressure-area isotherm for
this higher chitosan concentration is more expanded.
This ability of chitosan to expand DDG monolayers is consistent
with the literature, for such expansion has been observed for sev-
eral surfactants, including lipids or phospholipids such as stearic
acid, oleic acid, linoleic acid, -linoleic acid, cholesterol, dipalmi-
toylphosphatidylglycerol (DPPG), dipalmitoylphosphatidylcholine
(DPPC) and dimyristoylphosphatidic acid (DMPA) [42–44,49–51].
The maximum CS−1 (CS−1max) can be used to characterize the sur-
face packing of the monolayers [60]. Fig. S2 in the Supplementary
Material shows the surface pressure dependence of CS−1 obtained
from the isotherms in Fig. 1A. The DDG monolayers formed on
Theorell buffer and on chitosan concentrations of 0.05 g L−1 and
0.10 g L−1 can be classiﬁed as liquid because CS−1max lies between
50 and 100 mN m−1. DDG monolayers on chitosan concentrations
of 0.20 g L−1 and 0.30 g L−1 may  be classiﬁed as liquid-expanded
since CS−1max varies from 30 to 50 mN m−1. The penetration
of chitosan into DDG monolayers reduces CS−1, making the
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monolayers more ﬂexible, similarly to what was  observed for phos-
pholipid monolayers [42,43,50,51].
In order to understand the molecular-level interactions between
chitosan and DDG, PM-IRRAS experiments were carried out. Fig. S3
in the Supplementary Material shows the PM-IRRA spectra in the
2800–3000 cm−1 region for DDG monolayers at 30 mN m−1. The
spectra for DDG monolayer without and with chitosan display two
broad bands around at 2850 and 2920 cm−1, ascribed to symmetric
and asymmetric C H stretching in CH2, respectively [44,61]. What
is new in the present work is the decrease in the ordering effect for
the highest chitosan concentration used. Indeed, for the 0.30 g L−1
concentration, not only surface activity was observed (see Fig. S1)
but also the DDG chains became less ordered in comparison to
the results for the lower chitosan concentration (0.20 g L−1). This
is inferred from the shift to larger wavenumbers of the symmetric
and asymmetric CH2 bands observed upon comparing the spectra
for 0.20 and 0.30 g L−1 concentrations. Czapla et al. have found a dis-
ordering effect of phospholipid monolayers upon interacting with
non-steroidal antiinﬂamatory drugs [62]. All bands found were
positive with regard to the baseline, which means that the cor-
responding vibration moments are oriented roughly parallel to the
interface [63].
Fig. 1B shows PM-IRRA spectra in the 1500–1800 cm−1 region
for DDG monolayers at 30 mN  m−1, featuring a broad band at
1737–1741 cm−1 due to C O stretching vibration [61] and a strong
band assigned to H O H bending from surface water molecules
at 1650–1720 cm−1 [61]. This latter band results from the dif-
ference in reﬂectivity between covered and uncovered aqueous
subphases with the lipid monolayer [64]. For DDG monolayers on
subphases containing chitosan, the spectra displayed two bands
at 1546–1551 cm−1 and 1565–1582 cm−1 assigned respectively to
protonated amines ( NH3+ symmetric bend) of chitosan and NH
bending from the acetylated glycosamine residues ( NH CO )
[44,65] (amide II). Therefore, these PM-IRRAS spectra conﬁrm the
presence of chitosan at the interface, as inferred from the surface
pressure isotherms.
In order to probe the enzymatic activity of HPL toward hydrol-
ysis of DDG, we ﬁrst studied the surface activity of HPL. Gibbs
monolayers of HPL could not be formed for concentrations below
0.80 g mL−1, and there was only a small concentration depend-
ence above 2 g mL−1. We  have therefore chosen 1.4 g mL−1 in
the Theorell buffer for further studies. The equilibrium pressure
reached was 11 ± 2 mN  m−1 and there was an induction time before
the pressure started to increase signiﬁcantly, as shown in Fig. 2. This
equilibrium surface pressure is higher than the 7 mN m−1 reported
by de La Fournière et al. [66], for a 2.0 g mL−1 HPL injected into
a subphase made with Tris–HCl buffer 50 × 10−3 mol  L−1 at pH 7.4
with NaCl 150 × 10−3 mol  L−1. Even though the HPL concentration
used here was lower, the higher equilibrium surface pressure may
be related to unfolding and/or change in conformation of HPL,
that is more pronounced in acidic than in neutral media. Proteins
adsorbed at air–liquid interfaces can expose hydrophobic parts
causing partial unfolding or undergo modiﬁcation in polypeptide
conformation. This has already been studied for  casein, bovine
serum albumin, lysozyme and ovalbumine [67–69]. Ranaldi et al.
[54] investigated structural changes of HPL in acidic conditions
by attenuated total reﬂectance Fourier transform infrared spec-
troscopy and electron paramagnetic resonance spectroscopy, and
concluded that for pH 6.5–3.0 the secondary structure of HPL is
maintained, while at pH below 3.0 HPL is completely unfolded with
irreversible loss of the enzymatic activity.
Fig. 2A also shows that when the subphase contained 0.20 g L−1
chitosan, the induction time was shorter but the maximum pres-
sure reached was the same. If the chitosan concentration was
0.30 g L−1, then there was practically no induction time and the
equilibrium surface pressure increased to 18 ± 2 mN  m−1. This
Fig. 2. (A) Adsorption kinetics for HPL 1.4 g mL−1 injected into various subphase
solutions: Theorell buffer pH 3.0 ; chitosan 0.20 g L−1  and chitosan 0.30 g L−1 .
In each case, the curve was repeated three times and the standard deviation was
±2  mN m−1. (B) First-order rate constants extracted from the curves of adsorption
kinetics in 2 A.
increase can be related to the formation of a complex between
HPL and chitosan, even though both compounds have positive
charges under the experimental conditions used since the isoelec-
tric point of HPL is 5.4 [70]. This interaction between chitosan and
HPL is probably dominated by hydrophobic interactions and/or
hydrogen bonding. Chen and Tianqing reported complex forma-
tion between positively charged hemoglobin and chitosan owing
to hydrogen bonding/hydrophobic interactions with modiﬁcation
of hemoglobin conformation [71]. Complex formation has also been
found between chitosan and porcine gastric mucin (PGM) [72],
which was  attributed to electrostatic interactions, with chitosan
increasing the surface activity of PGM. For -lactoglobulin, on the
other hand, surface activity was  actually decreased by chitosan that
even removed protein molecules from the phospholipid monolayer
[63].
The adsorption kinetics curves in Fig. 2A can be treated
quantitatively using the approach suggested by Maget-Dana
[73,74], where a ﬁrst-order equation is applied. Formally,
ln[(e − t) − (e − 0)] = −kt,  where e, t and 0 are the surface
pressures at equilibrium, time t and initial time, respectively, and k
is the rate constant. The k values are related to protein adsorption
and/or penetration and they were extracted from ﬁtting the initial
change in the surface pressure curves, as indicated in Fig. 2B. For
the data in pure Theorell buffer, the kinetic behavior was  different
and we neglected the initial lag time to extract the rate constant.
The values for k were 0.029 min−1, 0.021 min−1 and 0.051 min−1
respectively, for adsorption of HPL in Theorell buffer, chitosan
0.20 g L−1 and chitosan 0.30 g L−1, being similar to those for pro-
teins such as -lactoglobulin and bovine serum albumin adsorbed
on a phosphate buffer solution [75]. We have explored only the rate
constant for the initial adsorption/penetration process because an
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Fig. 3. AFM images of Gibbs ﬁlms with one layer of: HPL (A) and complex between HPL and chitosan (B).
eventual interfacial rearrangement (second step) is masked in our
measurements by subphase evaporation, which affects the reading
of surface pressure at long times.
To investigate morphology of the interface formed by HPL and
by the complex between HPL and chitosan, the Gibbs monolayer
was transferred onto silicon wafers using the vertical deposition
method as for Langmuir–Blodgett ﬁlms. The AFM images of one-
layer ﬁlms in Fig. 3 display homogeneous morphology for the HPL
ﬁlm, while the ﬁlm containing the HPL + chitosan complex contains
aggregates distributed all over, as indicated in Fig. 3B. The transfer
of HPL + chitosan led to a larger mass for the solid ﬁlm. Accord-
ing to the QCM data, a mass of 6.81 ng was transferred for the
HPL + chitosan ﬁlm, in comparison to 4.24 ng for the ﬁlm containing
only HPL.
Fig. S4 in the Supplementary Material shows the PM-IRRA
spectra for DDG monolayers at 30 mN m−1, without and with the
presence of chitosan in the subphase, before and after injecting HPL
into the subphase. HPL injection causes the opening of the barriers
to maintain the surface pressure constant at 30 mN  m−1, as result
of the penetration/adsorption of HPL in the DDG monolayer. When
HPL was injected in the monolayer without chitosan, two bands
appeared which are due to proteins, as follows. The amide II band
at 1540 cm−1 is ascribed to the in-plane bending of NH and CN
stretching, while the amide I band at 1620 cm−1 is assigned to C O
stretching vibrations from polypeptides. The band at 1670 cm−1
is attributed to the difference in reﬂectivity between covered and
uncovered surfaces as described before. After 4 h of hydrolysis,
the intensity of the C O stretching band from DDG at 1740 cm−1
decreased more clearly in ﬁgures S4A and S4B than in S4C, because
of the intense band of water. When chitosan was present in the sub-
phase, speciﬁc bands from HPL cannot be identiﬁed because amide
II and amide I regions are superimposed by bands from chitosan
and water, respectively.
Even though a decrease in the intensities of the C O stretching
bands from DDG can be noted, an estimation of the hydrolysis is
not possible because the baselines of the spectra were adjusted.
Such procedure could lead to unreliable values of DDG degradation
if, for example, the integration of the bands were made. A detailed
estimation of DDG hydrolysis was performed by SFG spectroscopy
as described below.
DDG hydrolysis was explored using SFG spectroscopy, simi-
larly to the work by Niaura et al. [76]. Fig. 4 shows SFG spectra
in the 1600–1800 cm−1 region for the three systems studied here.
In all cases before HPL injection, carbonyl stretching bands from
DDG are intense and broad within 1700–1770 cm−1, and could
be better deﬁned by ﬁtting the experimental data to Eq. (1) [77].
The broad carbonyl band comprises two main peaks centered
at ca. 1712 cm−1 and 1732 cm−1, assigned to the double- and
single-hydrogen bonded carbonyl stretching vibrations of DDG,
respectively [78]. Fig. 5A shows typical ﬁtting of one experimental
spectrum before HPL injection, highlighting the two main bands
and the accuracy of the ﬁtting. Since the C O groups of DDG are
not so close to each other, probably their vibrations are not cou-
pled, which gives rise to the observed single C O peak. Otherwise,
if the coupling were strong, it would lead to two peaks from sym-
metric and asymmetric stretching [79,80]. One should note that
before HPL injection, the spectra in Fig 4B and C, with chitosan in
the subphase, no additional signal was observed other than those
assigned to DDG. After 4 h of HPL injection, all systems presented a
decreased intensity of the carbonyl peak. This is observed by com-
paring with the initial spectra (before enzyme injection) in Fig. 4.
Fig. 4. SFG spectra for DDG monolayers at 30 mN m−1 before the HPL injection (--),
and 4 h after of HPL injection (-©-). The graphs show the measurements for DDG on
(A)  Theorell buffer, (B) chitosan 0.20 g L−1 and (C) chitosan 0.30 g L−1.
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Fig. 5. SFG spectra for DDG monolayers on Theorell buffer pH 3.0 at 30 mN m−1 (A)
before HPL injection and (B) 4 h after HPL injection. Before the enzyme injection,
the carbonyl group from DDG presents two peaks at 1712 and 1732 cm−1, and 4 h
after the enzyme hydrolyzing the more intense peak is split into two  bands at ca.
1727 and 1740 cm−1. In (B) it is also possible to check the enzyme bands at 1658
and 1676 cm−1 revealing that HPL most predominant structure is -helix.
Therefore, one concludes that chitosan did not block enzyme action
for hydrolyzing DDG at any of the chitosan concentrations studied
here.
In order to quantify the extent of DDG hydrolysis from the SFG
spectra, it is necessary to ﬁt the carbonyl bands before and after 4 h
of HPL injection and analyze the extracted mode amplitudes. The
spectral characteristics (peak position, strength and band width)
were obtained by nonlinear curve-ﬁtting to Eq. (1) for measure-
ments before HPL injection, 2 h and 4 h after enzyme injection.
Fig. 5B shows an experimental spectrum of DDG after 4 h of HPL
injection ﬁtted by ﬁve peaks, and these peaks could be assigned
to HPL or DDG. The ﬁtting parameters are displayed in Table 1. The
peaks assigned to the carbonyl stretch are centered at ca. 1712, 1727
and 1740 cm−1. The carbonyl peak of DDG at 1712 cm−1 remained
constant, while the peak centered at ∼ 1730 cm−1 was consider-
ably reduced, and a new component appeared at 1740 cm−1. All
these changes could be associated with the presence of the enzyme
and the hydrolysis process [76,81,82]. The frequency of the C O
vibrational mode is known to be very sensitive to the environ-
ment, especially to hydrogen-bonding interactions; for instance,
the C O stretching bands for fatty acids at the air–water interface
shift from 1740 cm−1 to 1702 cm−1 if they are non-hydrogen-
bonded, singly hydrogen-bonded or doubly hydrogen-bonded,
respectively [81,83–85]. Assuming that the non-hydrogen-bonded
C O is assigned to the free fatty acid resulting from DDG hydrol-
ysis (presumably because its interaction with water is shielded by
the enzyme or the bulky DDG headgroup), which stays within the
monolayer, we can quantify the enzyme activity from the ampli-
tudes of C O components in the SFG spectra. It should be noted that
at ﬁrst it may  seem unlikely that decanoic acid would still remain in
the monolayer, since its solubility in water is appreciable, around
30 mg  L−1. However, at low pH the acid group is protonated, reduc-
ing its solubility. Furthermore, the fatty acid is generated already
incorporated within a Langmuir ﬁlm, and its solubilization in water
would involve breaking its interaction with the nearby alkyl chains
in the ﬁlm, leading to a signiﬁcant energy barrier for solubilization.
Indeed, the expansion of the monolayer after HPL injection (due to
the enzyme incorporation in the ﬁlm) is not followed by a barrier
contraction at longer times, which would be expected if the prod-
uct of DDG hydrolysis were soluble in the subphase. Therefore, this
observation further supports our assignment of the non-hydrogen-
bonded C O component at 1740 cm−1 to protonated fatty acids
resulting from DDG hydrolysis that remain in the Langmuir ﬁlm,
while the singly- and doubly-hydrogen-bonded C O (∼1730 and
1712 cm−1 respectively) are attributed to DDG.
The amplitude at 1712 cm−1 in Table 1 is the same for all
periods and systems studied. Hence, we may  conclude that doubly-
hydrogen bonded C O of DDG is not signiﬁcantly affected by
enzymatic hydrolysis up to 4 h, with ﬂuctuations for the values
nearly within the ﬁtting uncertainties. However, the strength for
the peak at 1740 cm−1 (representing the free fatty acid) increases
with time, and we can quantify the hydrolyzed fraction of DDG
by the reduction in the combined amplitudes of DDG C O modes
(sum of amplitudes at 1730 and 1712 cm−1). For DDG on Theorell
buffer, the hydrolyzed fraction after 4 h is about 33%, while on the
subphase containing 0.20 g L−1 of chitosan it increases to 50%, and
with chitosan concentration of 0.30 g L−1 the hydrolyzed fraction is
again about 29%. These estimates are consistent with the relative
Table 1
Fitting parameters of the SFG spectra.
DDG on Theorell buffer pH 3.0 DDG on chitosan (0.20 g L−1) DDG on chitosan (0.30 g L−1)
Strength (A) Width ( , cm−1) Strength (A) Width ( , cm−1) Strength (A) Width ( , cm−1)
Before HPL injection
1712 cm−1 0.5 ± 0.1 6.1 ± 0.5 1.0 ± 0.1 10.2 ± 1.6 1.4 ± 0.1 10.5 ± 1.7
1734  cm−1 5.7 ± 0.2 11.1 ± 1.6 6.7 ± 0.2 12.3 ± 1.2 5.8 ± 0.1 12.1 ± 1.3
2  h after HPL injection
1712 cm−1 0.7 ± 0.1 6.1 ± 0.6 1.2 ± 0.1 10.4 ± 1.2 1.8 ± 0.2 10.8 ± 1.2
1727  cm−1 3.1 ± 0.2 10.1 ± 1.6 3.1 ± 0.2 10.9 ± 1.5 3.3 ± 0.2 11.0 ± 1.7
1740  cm−1 1.2 ± 0.1 7.5 ± 1.0 2.0 ± 0.2 8.9 ± 1.3 1.3 ± 0.1 7.0 ± 0.8
4  h after HPL injection
1712 cm−1 0.7 ± 0.1 6.0 ± 0.5 1.3 ± 0.2 10.3 ± 1.4 1.8 ± 0.2 10.8 ± 1.3
1727  cm−1 3.5 ± 0.2 10.1 ± 1.5 2.5 ± 0.2 10.9 ± 1.6 3.3 ± 0.2 11.1 ± 1.9
1740  cm−1 1.5 ± 0.1 7.5 ± 0.9 2.6 ± 0.2 8.9 ± 1.0 1.5 ± 0.1 7.2 ± 0.8
The error bars were obtained by the nonlinear least-squares ﬁtting algorithm (Levenberg–Marquardt, as implemented in Origin 8.0). They represent the uncertainty in the
best  ﬁt values for peak parameters strength and width. The spectrum submitted for ﬁtting analysis is an arithmetic mean of three experimental curves, so that it represents
a  characteristic behavior of the system under investigation. Investigations were repeated in different days, and nearly identical spectra were obtained.
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amplitudes 4 h after HPL injection in the three subphases, since the
value on the subphase with 0.20 g L−1 of chitosan is about 5/3 larger
than on pure buffer or on the subphase with 0.30 g L−1 of chitosan. It
is also interesting to note that the mode amplitudes (and therefore
the calculated hydrolyzed fraction of DDG) are not very different
after 2 h or 4 h of HPL injection, indicating that the enzyme loses
activity in such a timeframe. This is in agreement with the obser-
vations in Ref. [54], where HPL was shown to lose a vast majority
of its activity over a 4 h period at pH 3.
Another important observation is the appearance of two  peaks
at ca. 1658 cm−1 and 1676 cm−1 for the spectrum obtained 4 h after
enzyme injection in Fig. 5B, which are assigned to amide I of HPL.
Therefore, even though HPL was injected in the subphase, it went to
the interface and took a preferential orientation, with the peak posi-
tion of the amide I band indicating that the enzyme predominantly
adopts -helix and turns structures during its action in hydrolyzing
DDG [86,87].
The work presented here contradicts a study involving the
inﬂuence of chitosan on enzymatic activity of porcine pancreatic
lipase [88]. The quantity of fatty acid released in corn oil-in-water
emulsion at pH 7 containing lecithin and chitosan was  smaller
than without chitosan because fat was captured by chitosan, thus
blocking the enzyme access. One should stress, however, that the
experimental conditions differed markedly. While in Ref. [88] chi-
tosan was acting in an environment with oil emulsion in water,
here we used a Langmuir monolayer at the air/water interface with
subphase solution under acidic conditions.
4. Conclusion
With the main aim of understanding how chitosan could affect
the action of HPL toward DDG, we ﬁrst investigated molecular-
level interactions between chitosan and DDG, where chitosan was
found to adsorb on and expand DDG Langmuir monolayers even
at high surface pressures. According to the PM-IRRAS experiments,
the interactions between chitosan and DDG included hydrophobic
interactions. Also from the PM-IRRAS data we could infer that chi-
tosan at concentration of 0.20 g L−1 induced ordering of the DDG
alkyl chains. This effect decreased for the highest concentration of
chitosan used (0.30 g L−1), owing to the considerably larger expan-
sion induced in the DDG monolayer.
The surface activity of HPL, which forms Gibbs monolayers at the
air/water interface, is signiﬁcantly affected by chitosan, especially
at the higher chitosan concentrations. An increased surface activity
was attributed to complex formation between HPL and chitosan,
probably owing to H-bonding and hydrophobic interactions since
both molecules are positively charged. In spite of this large effect on
HPL surface activity, chitosan did not inhibit the enzymatic action
of HPL toward DDG. In order to draw such conclusion, which was
the primary aim in the study, we employed SFG spectroscopy. The
HPL active site was not blocked by chitosan, and the enzymatic
activity did not decrease when chitosan was present. The extent of
DDG hydrolysis varied within the experimental error for HPL in the
presence and absence of chitosan, and if there is an effect, it would
be a slight increase in activity caused by chitosan.
One important implication of our ﬁndings is that – in case chi-
tosan is proven as efﬁcient for fat reduction – the mechanism for its
action is not the blocking of HPL activity. Other mechanisms would
have to be probed, including possible effects from other lipases,
speciﬁc colipases, phospholipases and bile salts.
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